Colloids and Surfaces B: Biointerfaces 125 (2015) 255–263

Contents lists available at ScienceDirect

Colloids and Surfaces B: Biointerfaces
journal homepage: www.elsevier.com/locate/colsurfb

Antimicrobial surfaces containing cationic nanoparticles: How
immobilized, clustered, and protruding cationic charge presentation
affects killing activity and kinetics
Bing Fang a , Ying Jiang b , Klaus Nüsslein c , Vincent M. Rotello b , Maria M. Santore a,∗
a

Department of Polymer Science and Engineering, University of Massachusetts, Amherst, MA 01003, United States
Department of Chemistry, University of Massachusetts, Amherst, MA 01003, United States
c
Department of Microbiology, University of Massachusetts, Amherst, MA 01003, United States
b

a r t i c l e

i n f o

Article history:
Received 24 April 2014
Received in revised form 27 August 2014
Accepted 22 October 2014
Available online 31 October 2014
Keywords:
Anti-fouling surfaces
Bacteriocidal activity
Charge density threshold
Killing efﬁciency
Charge clustering
Interfacial stress

a b s t r a c t
This work examines how the antimicrobial (killing) activity of net-negative surfaces depends on the
presentation of antimicrobial cationic functionality: distributed versus clustered, and ﬂat clusters versus
raised clusters. Speciﬁcally, the ability to kill Staphylococcus aureus by sparsely distributed 10 nm cationic
nanoparticles, immobilized on a negative surface and backﬁlled with a PEG (polyethylene glycol) brush,
was compared with that for a dense layer of the same immobilized nanoparticles. Additionally, sparsely
distributed 10 nm poly-l-lysine (PLL) coils, adsorbed to a surface to produce ﬂat cationic “patches” and
backﬁlled with a PEG brush were compared to a saturated adsorbed layer of PLL. The latter resembled
classical uniformly cationic antimicrobial surfaces. The protrusion of the cationic clusters substantially
inﬂuenced killing but the surface concentration of the clusters had minor impact, as long as bacteria
adhered. When surfaces were functionalized at the minimum nanoparticle and patch densities needed
for bacterial adhesion, killing activity was substantial within 30 min and nearly complete within 2 h.
Essentially identical killing was observed on more densely functionalized surfaces. Surfaces containing
protruding (by about 8 nm) nanoparticles accomplished rapid killing (at 30 min) compared with surfaces
containing similarly cationic but ﬂat features (PLL patches). Importantly, the overall surface density of
cationic functionality within the clusters was lower than reported thresholds for antimicrobial action.
Also surprising, the nanoparticles were far more deadly when surface-immobilized compared with free
in solution. These ﬁndings support a killing mechanism involving interfacial stress.
© 2014 Elsevier B.V. All rights reserved.

1. Introduction
The quest for antimicrobial materials has diverged into two
strategies: Antimicrobial compounds are either leached from a
material or their surfaces are rendered bacteriocidal. Indiscriminate leaching of biocides into large volumes of ﬂuid is wasteful and
lowers overall efﬁciency [1,2]. Conversely, antimicrobial surfaces
kill only the bacteria which come into intimate contact. For surfaces with an established correlation between adhesion and killing
activity [3,4], fouling reduces their effectiveness [5,6]. Cationic surfaces exemplify this behavior, possessing contact-killing properties
[5,7–11] but tending to retain, through electrostatic attractions,
adherent bacteria [5]. A general design goal for contact-kill surfaces is the facile release of dead bacteria so that the active surface
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is constantly accessible to additional live bacteria. Deadly surfaces
of low bacteria adhesion are therefore a design target.
Since cationic functionality is responsible for both bacterial
killing and adhesive fouling [4], we pursued surface presentations of positive charge that minimize adhesion and maintain
killing activity. The appropriate surface design is not obvious
in the absence of universally accepted contact-kill mechanisms.
One school of thought tethers killing moieties on polymer chains
attached to a surface, to facilitate penetration of the bacterial
membrane [10,12,13], similar to the solution-based mechanism.
Membrane insertion on biocidal surfaces has not, however,
been proven. In fact, there is mounting evidence that contactkilling can occur on surfaces whose functional groups cannot
access the bacterial membrane (buried 50 nm or more within
the bacterial envelope) [14–17]. These surfaces include aminefunctionalized self-assembled monolayers [18] and layer-by-layer
structures [19,20]. Efﬁcient killing by high molecular weight polycationic brushes allows for polycation chains insertion into the
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Fig. 1. General schematic of the surface structure and the inﬂuence of surface composition on the capture rates of ﬂowing S. aureus cells onto PEG brush surfaces
containing adhesive nanoconstructs. Thresholds are indicated quantitatively for the
particular types of PEG brush and nanoconstructs in the current work. These threshold surface loadings for each type of nanoconstruct motivate the choice of the surface
loadings of nanoconstructs in this study of antimicrobial activity. Notably, at the surface loadings of nanoparticles and PLL studied here, the bacterial capture rates are
well below the transport-limit.

bacterial membrane [5,21]; however, the killing with lower molecular weight polycation brushes argues against the necessity of
membrane penetration [5,21]. An alternate hypothesis involves
ion exchange and release of multivalent cations from the bacterial membrane in the region where the bacterial cell contacts a
cationic surface [22]. More recently, mechanisms involving deadly
interfacial forces have been proposed [4,23,24]. Despite the lack
of clarity on the mechanism, it is generally accepted that killing
requires (cationic) surface charge densities exceeding a threshold
of 1–5 × 1015 [21] or 1012 –1016 [22] amines/cm2 depending on the
bacteria.
Zydrko et al. [25] employed surface brushes containing both
cationic and sterically repulsive PEG (polyethylene glycol) chains
to tune bacterial capture. Li et al. [26] demonstrated that surfaces
with nanoscale roughness captured bacteria more efﬁciently than
ﬂat surfaces of similar chemistry. Neither study investigated killing.
To facilitate tunable bacterial adhesion, our lab developed
PEG brush surfaces containing embedded cationic nanoparticles
[27] or cationic polyelectrolyte chains [28], which we refer to
here as cationic “nanoconstructs”. The cationic nanoparticles and
poly-l-lysine (PLL) chains contained similar cationic content, 200
amines/nanoparticle and 130 amines/PLL chain; however, immobilized nanoparticles protruded on the order of 10 nm from the
substrate while adsorbed PLL coils lay relatively ﬂat (within
1–2 nm) to the substrate, detailed below. Our PEG brush surface
architectures, in the absence of embedded cationic nanoconstructs, resisted protein adsorption [29,30] and were non-adhesive
for Staphylococcus aureus on timescales of interest [27,31]. This
ensured that, on the test surfaces containing both the nanoconstructs and the PEG brush, bacteria were retained only through
adhesion to the nanoconstructs. Indeed, S. aureus adhered only
on surfaces whose densities of nanoconstructs exceeded a distinct
threshold, shown schematically in Fig. 1 [27,28]. With bacterial
adhesion well characterized on these surfaces, the current paper
examines their bacteriocidal activity. The current study focuses on
the least adhesive surfaces still able to capture and hold substantial numbers of bacteria in gentle ﬂow. Worth noting, partial to
near-complete bacterial release from these surfaces was previously
documented [32].
The current study focuses on two test surface designs from
previous libraries: A test surface with a low cationic nanoparticle density (280 nanoparticles/m2 ) and a test surface with a
low PLL patch density (3500 patches/m2 ), both backﬁlled with a
non-adhesive PEG brush. Both test surfaces are benchmarked

against control surfaces containing dense loadings of the corresponding cationic nanoconstructs. The two sparsely-loaded test
surfaces each contain the minimum respective nanoconstruct densities needed to capture and retain substantial numbers of ﬂowing
S. aureus, indicated in Fig. 1. (Fig. 1 is a schematic representation of
prior results for bacterial capture [27,28], and motivates the speciﬁc surface compositions employed here.) The large differences in
the adhesion thresholds in Fig. 1 resulted from the differences in
the nanoparticle protrusion relative to the brush. Thus the two test
surfaces in this study have very different nanoconstruct densities.
Prior work, using shear ﬂow chambers, established relatively weak
bacterial adhesion on these test surfaces. For instance, 90% of captured S. aureus could be rinsed from the sparse nanoparticle surface
with 13 pN shearing force, even 30 min after bacterial capture [32].
In addition to comparing the killing activity of different
surfaces, this paper also compares the surface activity of immobilized cationic nanoparticles to that in free solution. Immobilized
nanoparticles were fundamentally more deadly than free nanoparticles in buffer or growth medium.
2. Materials and methods
2.1. Nanoparticles and polymers
Cationically functionalized gold nanoparticles were synthesized according to standard methods [33]. Characterization by
TEM indicated a 7 nm core, and an overall diameter of 11 nm.
The ligand shell contained ∼200 cationic ligands (N,N-trimethyl(11
mercaptoundecyl) ammonium chloride) and 300 hydrophobic (1mercaptoundane) ligands.
Poly-l-lysine (PLL), of nominal molecular weight 20,000 g/mol,
was purchased from Sigma–Aldrich (catalog number P7890, Mv in
the range 15,000–30,000 g/mol) and used directly to create cationic
surface regions. The same PLL was modiﬁed by the attachment of
2300 g/mol-molecular weight polyethylene glycol (PEG) chains to
produce a PLL-PEG graft copolymer for the surface brush. We targeted functionalization of about one third of the amines on the
PLL, based on reports [29,31] and our own conﬁrmation [32] that a
copolymer of this composition, when adsorbed on negative surfaces, prevents bacteria and protein adsorption by formation of
a PEG brush. Copolymer synthesis followed published methods
[29,30]. The composition of the graft copolymer was assessed by
1 H NMR in D O using a Bruker 400 mHz instrument. Comparison
2
of the lysine side chain peak at 2.909 ppm and the PEG peak at
3.615 ppm revealed functionalization of 34% of the PLL amines.
2.2. Surface fabrication
Four surfaces, in Table 1, were studied. All were based on
acid-etched microscope slides, soaked overnight in concentrated
sulfuric acid and then rinsed in DI water. Onto this were deposited
polymers and/or nanoparticles that were irreversibly physically
bound (beyond the relevant timescales). Effectively permanent
attachment of nanoparticles was conﬁrmed [27,32] in a variety of
conditions: rinsing in water and buffers between pH 5 and 8, drying,
passing of an air bubble (3-phase contact line), addition of up to 5 M
NaCl, organic solvents, sonication, and protein and sodium dodecylsulfate adsorption challenge. PLL retention was established at ionic
strengths up to 1 M NaCl, and exposure to proteins and polymers
[34].
Surfaces were prepared by placing each slide in a laminar ﬂow
chamber. DI water or pH 7.4 phosphate buffer ﬂowed continuously at a wall shear rate of 10 s−1 over each surface and different
nanoparticle and polymer solutions were introduced. A saturated
PLL control surface was created by ﬂowing a 5 ppm solution of
PLL in phosphate buffer for 10 min followed by reinjection of the
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Table 1
Characteristics of nanoconstructs and surfaces.
Nano-constructs

Nanoparticles:
Height: 7–8 nm
Diameter: 10 nm
Zeta potential: 25 mV
Number of amines: 200

Surfaces

“Sparse
nanoparticle”

“Dense
nanoparticle”

“Sparse PLL”

“Saturated PLL”

Nanoparticle content
PLL coil content
PLL-PEG backﬁll, mg/m2 a
Avg spacing between cationic constructs, nm
Overall content of cationic groups, #/cm2
S. aureus capture rate (for 2 × 106 cells/ml), cells/m2 min
Zeta potential in buffer, mV (for −1 = 2 nm)b

280/m2
–
0.61
60
5.6 × 1012
0.58 × 109
−27 ± 3

1000/m2
–
0.3
32
2.0 × 1013
2.4 × 109
−20 ± 3

–
3500/m2
0.67
17
8.7 × 1015
1.3 × 109
−20 ± 3

–
12,000/m2
0.0
–
3.1 × 1016
2.4 × 109
6±2

a
b

Individual PLL chains:
Height: ﬂat (∼1 nm)
Diameter: 8 nm
Zeta potential: 7 mV
Number of amines: 130

PLL-PEG adsorbs at a level of 1.1 mg/m2 on a bare silica surface.
−1 is the Debye length. Also the zeta potential of our bare silica in this buffer is −73 ± 4 mV.

buffer. This ﬂow time ensured surface saturation with 0.4 mg/m2
PLL, conﬁrmed by optical reﬂectometry [34].
Sparse PLL and nanoparticle-containing surfaces, along with a
more densely functionalized nanoparticle surface were created in
similar fashion. Timed ﬂow of nanoparticles or PLL was followed
by buffer reinjection to produce each targeted surface loading
less than saturation. The remaining surface was then backﬁlled
with a PEG brush by introducing a 100 ppm solution of PEG-PLL
copolymer in phosphate buffer for 10 min. Flowing buffer was then
reintroduced.
2.3. Surface characterization
The amounts of nanoparticles and polymers on each type of
surface were measured by near-Brewster reﬂectometry as previously described [27,35]. Zeta potential measurements were made
on a system in which the same amounts of polymer and nanoparticles were adsorbed on 1-m silica spheres from Geltech (Orlando,
FL). Dry substrates were characterized by AFM (Multimode AFM-2
with a Nanoscope IV scanning probe controller, Veeco, Inc.). Tapping mode with nominal spring constant of 42 N/m and nominal
resonance frequency of 320 kHz was employed to determine the
numbers and heights of deposited nanoparticles, with and without
PLL-PEG backﬁll.
2.4. Bacteria
S. aureus bacteria (ATCC 25923) were grown, following standard
procedures, in Mueller-Hinton (MH) medium, incubating aerobically overnight at 37 ◦ C while shaking at 200 rpm. After 24 h,
bacteria were harvested during logarithmic growth. To remove
proteins and other free biomolecules, bacterial suspensions were
centrifuged at 1000 × g and cells were re-suspended in phosphate
buffer, a procedure which was conducted twice. Bacteria were
stored at 4 ◦ C and studied within 18 h. For some studies cells were
re-suspended in MH broth after the second centrifugation and used
immediately.
2.5. Bacteria capture from ﬂow
Bacteria capture was conducted on a lateral microscope, oriented so that gravity did not inﬂuence the bacteria-surface
interaction. Cells accumulated through adhesive interactions only.
S. aureus cells, at a concentration of 2 × 106 /ml in pH 7.4 phosphate buffer, were ﬂowed over surfaces at a wall shear rate of
22 s−1 for 3 min, sufﬁcient to capture at least 100 cells within the

240 m × 180 m ﬁeld of view. Flow was then switched back to
buffer for 3 min prior to viability studies.
2.6. Application of live-dead staining assay on surface-bound
bacteria
We examined the viability of surface-bound bacteria using the
Baclight Bacterial Viability Kit, L7012. It contained SYTO 9 and propidium iodide dyes that are usually applied to suspended bacteria.
We were concerned, however, that removing bacteria from the surface could alter their viability, or that live or dead bacteria could be
selectively removed and assayed [36]. We therefore applied the
dyes directly to the adhered bacteria.
After opening the ﬂow chamber, a drop of dye mixture was then
applied to the test surface, and a cover slip placed on the surface.
After at least 3 min the bacteria were examined on a Nikon Diaphot
300 ﬂuorescence microscope, with a 40× ﬂuorescence objective,
employing ﬁlter cubes with 480 nm/500 nm and 580 nm/635 nm
excitation/emission wavelengths for the green (SYTO 9) and red
(propidium iodide) channels respectively. Bacteria appear green
when alive and red when dead. While the shortest time at which
bacterial viability could be assessed was a total of ∼9 min surface
residence time (the sum of a median 1.5 min residence during deposition, 3 min rinsing, a minute to open the chamber, and 3 min
dye exposure), additional images were taken up to 2 h later to
assess the killing kinetics. The 9 min bacteria residence time, with
a 3 min dye exposure, proved sufﬁcient for green and red dye color
development with the S. aureus. For instance, on nonbacteriodical
glass, adherent bacteria stained green by 3 min dye exposure and
remained green. This control supports the signiﬁcance of the color
changes recorded on the test surfaces.
2.7. Control for live-dead staining assay of surface-bound bacteria
An additional control validated the application of the Baclight
assay to surface-bound bacteria. Cells of S. aureus were captured
from ﬂow on a surface containing 1000 nanoparticles/m2 (having
intermediate biocidal activity) and stained with the Baclight kit as
described above. Next, 20 L of liquid soft MH agar (6 g/L agar powder in MH broth) was applied to the bacteria and a cover slip was
placed. Bacteria were incubated at 37 ◦ C for up to 9 h and examined
later to determine growth of initially adhered cells. It was found
(data in the Supporting Information) that captured bacteria that
stained red on the surface did not grow into colonies but remained
as single adherent cells; however, many bacteria that stained green
could be seen, in time, to grow on the surface. Some cells, originally

258

B. Fang et al. / Colloids and Surfaces B: Biointerfaces 125 (2015) 255–263

staining green, did not grow because they died later, as would be
expected for a surface with intermediate killing activity. This control substantiated the use of the Baclight kit assay for surface-bound
bacteria. This exercise supports the interpretation that the fraction
of red cells, especially at short times, represents a lower bound on
killing, and a conservative estimate of the biocidal surface property. Some cells destined for death may have not yet stained red;
however, all red cells were non-propagating.
2.8. Optical density assay for MIC in solution
Freshly prepared S. aureus cells were diluted into MH broth at
a concentration (∼105 cells/ml) to produce an optical density of
0.001 at a wavelength of 600 nm in a CECIL C3041 UV–vis spectrophotometer. Different amounts of cationic nanoparticles, on the
order of a few microliters of a concentrated stock solution in deionized water, were mixed with milliliter-sized quantities of bacterial
suspensions to make serial dilutions of the nanoparticle dosage.
After measurements of the initial optical density of each mixture,
the suspensions were incubated for 6 h at 37 ◦ C. Then they were
sonicated in a VWR Aquasonic 75HT sonicator bath for 60 min to
re-suspend aggregated bacteria, the optical density was again measured. Optical density tests for the MIC were run three times with
different batches of S. aureus cells.
2.9. Application of live-dead staining assay in solution
Studies of nanoparticle killing in solution employed a 500 ppm
nanoparticle suspension and varied the bacteria concentration.
Nanoparticles and bacteria were mixed at the desired concentrations in pH 7.4 phosphate buffer for 4 h at room temperature.
The suspension was then sonicated for 1 h to disrupt aggregates
and the Baclight dye mixture added. After further incubation for
10 min, 5 L of the stained mixture was placed on a microscope
slide and a coverslip added. Fluorescence microscopy images at
40× were obtained as described above. Adequate bacterial staining was observed in the presence of 10 mM phosphate buffer. Live
bacteria stained green while suspensions into which ethanol was
added stained red, arguing that phosphate buffer was tolerated by
the dyes with these S. aureus.
2.10. Control for inﬂuence of sonication on bacteria viability
Freshly prepared bacteria in MH broth were diluted to 103 /ml
in MH broth and samples were sonicated serially for 0, 2, 10, 30
and 60 min. Colony forming unit assays revealed no inﬂuence of
sonication.
2.11. Colony-forming unit assay
We followed a standard procedure: 100 L of bacterial suspension diluted to 103 cells/ml in MH broth was spread on an MH-agar
plate using a sterile applicator. The covered agar plate was incubated aerobically at 37 ◦ C for 18 h and colonies were counted.
3. Results
3.1. Surface characterization
Important features of the surfaces in this work include their net
negative charge and the clustered presentation of cationic functionality, along with its position relative to the substrate and the
hydrated polymer brush. Table 1 summarizes the surface compositions and zeta potentials of the various surfaces. The net negative
zeta potential of the sparse surfaces, despite the positive charge

on the nanoparticles and PLL chains argues that, on the sparse surfaces, positive interfacial charge is localized at the positions of the
immobilized nano-constructs, as expected. The net negative charge
of the sparse surfaces distinguishes them from typical uniformly
cationic antimicrobial surfaces exempliﬁed by the saturated PLL
layer.
The surface topography of the dry nanoparticle surfaces is
revealed in AFM micrographs in Fig. 2, before and after backﬁlling
with PLL-PEG copolymer. The micrographs show the random positioning of the nanoparticles and support the previous observation,
using near-Brewster reﬂectometry to probe larger surface areas,
that nanoparticles are not removed by the backﬁlling process [27].
In Fig. 2, the dry heights of the immobilized nanoparticles slightly
exceed 8 nm, as AFM is sensitive to the gold cores and may deform
the ligand shells. After backﬁlling with the PLL-PEG brush and drying, the nanoparticle heights appear about a nanometer shorter,
because the PLL-PEG is deposited onto the microscope slide and not
on the particles. In water, the PEG brushes swell to about 8 nanometers, a calculated estimate [35]. (Solvated brush heights cannot be
determined by AFM due to the dilute character of the brush.) Thus,
parts of the nanoparticles are near the wet brush periphery.
On surfaces containing sparse PLL patches or PLL patches backﬁlled with a PLL-PEG brush, the PLL patches themselves are quite
ﬂat, especially compared with the nanoparticle-containing surfaces. Polyelectrolytes such as PLL, adsorbed on oppositely charged
surfaces at moderate ionic strengths, assume ﬂat conformations
at the liquid–solid interface, especially at low coverages when
adsorbed chains are isolated [37,38]. This ﬂatness is conﬁrmed
by dynamic light scattering in the Supporting Information. Data
show that the hydrodynamic radii of silica particles containing
adsorbed PLL are similar to those of bare particles. Additionally,
single-photon ﬂuorescence microscopy studies revealed the random non-aggregated arrangement of adsorbed PLL chains [35].
From these characterization studies evolves a picture of ﬂat PLL
patches embedded within a PLL-PEG brush. We estimate the inplane diameter of the adsorbed PLL chains from the 8 nm coil
diameter from dynamic light scattering.
3.2. Bacterial toxicity
For different times after S. aureus cells were captured, the bacteriocidal activity of 4 different surfaces was compared: sparse
(280/m2 ) and dense (1000/m2 ) immobilized nanoparticles
versus sparse (3500/m2 ) and saturated (12,000/m2 ) PLL coils.
Fig. 3 summarizes the average killing kinetics for three different
surfaces of each type, studied with two different batches of S. aureus
bacteria. Additionally, the Supporting Information contains example micrographs for bacteria on each type of surface at different
surface residence times. The Supporting Information also includes
example data for bacteria capture kinetics and retention in ﬂow. In
Fig. 3, the bacteria residence times (deﬁned as the time from the
midpoint of the deposition process to the time of examination) vary
from 9 min to 2 h.
Fig. 3 shows that bacteria start to die once they are captured on
the surfaces and are substantially dead within 2 h. The ultimate
extent of killing and the kinetics depend on the surface design.
Worth noting, live-dead stain controls with each batch of bacteria
indicated live cells in excess of 99% prior to capture.
Fig. 3 makes several important points. First, substantial killing,
up to 40% in the case of the dense nanoparticles, occurs within
the ﬁrst 9 min of bacterial contact with the surface. Second, killing
efﬁciency is not proportional to cationic functionality: Sparsely
loaded cationic surfaces, if they contain enough cationic functionality to adhere bacteria, are fairly effective at killing bacteria.
Compared with sparsely loaded cationic clusters, similar or slightly
greater killing is obtained for the maximum cationic loading of
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Fig. 2. AFM images (2 m × 2 m) of two different surfaces having 100 nanoparticles/m2 (a) before (b) and after backﬁlling with PLL-PEG. The particle density is unaffected
by backﬁlling. (c) The histogram of particle heights shows that the apparent particle height decreases from 8.6 to 7.2 nm, upon backﬁlling. Normalization of peak area is
based on 100% total.

each type. Finally and most importantly, at intermediate times, the
nanoparticle-containing surfaces kill S. aureus far better than do the
PLL-containing surfaces.
Controls associated with Fig. 3 include bacteria adhered to acidetched glass microscope slides from ﬂow and bacteria allowed to
settle under gravity (since S. aureus cells cannot be adhesively captured) on PLL-PEG layers not containing cationic nanoconstructs.
In these controls, the bacteria remain viable. This argues that the
killing activity on surfaces containing the adhesive nanoconstructs
is a result of the presence of the PLL patches or cationic nanoparticles on the test surfaces. Worth emphasizing, while PLL chains
anchor the PLL-PEG copolymer to the substrates when a PEG brush
is present, this PLL is buried beneath the brush, anchored electrostatically to the glass substrate, and lower in cationic charge density

Fig. 3. Survival rates of S. aureus captured from ﬂow, at a wall shear rate of 22 s−1 ,
on surfaces containing nanoparticles or PLL coils, indicated. Error bars represent a
standard deviation. Five images were taken at 9 and 120 min for each surface type.
Three images were taken at 30 min for each surface type.

than the PLL homopolymer making up the patches. As part of the
anchors for the PEG brushes, the PLL part of the PLL-PEG copolymer
does not adhere or kill bacteria.
3.3. Surface versus bulk solution killing
While we expect surfaces containing immobilized nanoparticles
to kill bacteria more efﬁciently than the same nanoparticles leached
indiscriminately into solution (which may never reach bacteria), we
address here the relative killing efﬁciency of free and immobilized
nanoparticles. This study was designed to ensure that nanoparticles
in solution reached the bacterial surfaces in substantial numbers.
Fig. 4 presents the results of a classical optical density assay
for the minimum inhibitory concentration of nanoparticles in solution. In this assay, varied amounts of nanoparticles were added to
a MH broth containing 105 /ml S. aureus (having an optical density, without nanoparticles of OD600 = 0.001). The optical density
of the suspension, after 6 h of incubation at 37 ◦ C (to allow bacteria to propagate), is classically taken as an indicator of the MIC. A
high optical density indicates that bacteria have multiplied in the
6 h growth period, and a low optical density indicates bacteriocidal
activity, or at least inhibition of growth. Following this approach,
Fig. 4 suggests an apparent MIC of 100 ppm for the cationic nanoparticles against S. aureus.
While the optical density method is well accepted for molecular
antimicrobials, it is inconclusive for nanoparticle suspensions such
as ours for two reasons. First adsorption of the nanoparticles on
the bacteria causes their aggregation, with bacteria-nanoparticle
sediments evident in the inset of Fig. 4. These sediments deplete
bacteria from the main suspension, reducing optical density as an
artifact. However, even when bacteria were re-suspended by mixing or by up to 60 min of sonication (which we tested to ensure that
it did not affect bacterial viability) the optical density of the suspension after 6 h was always much lower than its initial level. A second
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Fig. 4. Classical assay to determine the solution-phase MIC of the nanoparticles
based on optical density at 600 nm. The upper row of vials was photographed
immediately after mixing: the contents were 105 /ml S. aureus and the nanoparticle concentrations indicated on the lids, ppm. Also evident in the upper images is
the color intensity of the nanoparticles at different concentrations. The lower row of
vials, after 6 h at 37 ◦ C, indicates aggregation of the nanoparticles and bacteria, with
nearly all the nanoparticles associated with the settled bacteria. Comparison of the
color supernatants after 6 h to the upper row suggests the ﬁnal free nanoparticle
concentrations, in all cases, is less than 50 ppm.

problem with the optical density method stems from the standard
procedure of using reference solutions comprised of antimicrobial compound (in this case nanoparticles) at each concentration
of interest. It was difﬁcult to assess suspended bacteria concentrations because nanoparticle concentrations exceeding ∼50 ppm
were strongly absorbing at 600 nm, dominating signal from bacteria.
While the optical density study was inconclusive for the purposes of determining bacteria viability or the MIC, we keep
it in this report to document when a standard method is
inappropriate. Further, Fig. 4 provides insight into bacteriananoparticle interactions in suspension: the images clearly
demonstrate the ﬂocculation of the bacteria by adhesion to
the nanoparticles. This is signiﬁcant because, with 95% of the
nanoparticles located in bacterial aggregate sediment (an estimate which stems from a visual comparison of supernatant color
after 6 h to that of the initial solutions), we can be certain that
the nanoparticles adhered to the bacterial surfaces. The removal of
bacteria from the suspension in the presence of nanoparticles was
also conﬁrmed by light microscopic observation. Nanoparticles in
the absence of bacteria did not settle. Further, we assert that this
adhesion/adsorption process occurred in the presence of growth
medium, demonstrating that the medium did not interfere with
the nanoparticle adhesion to bacteria.
These complexities necessitated other methods to assess
nanoparticle killing activity in solution. Using a standard CFU
(colony forming unit) assay, we assessed the viability of S. aureus
(105 /ml), incubated at 37 ◦ C for 6 h in MH broth with 500 ppm
nanoparticles. Figure SI-5 in the Supporting Information demonstrates that agar plates inoculated with a nanoparticle-bacteria
suspension, diluted to 103 cells/ml (based on the original microscopic count), show substantial colony growth and, with live dead
staining, nearly no killing. The colony numbers and viability are
similar to a bacterial suspension of the same concentration without nanoparticles. These results, combined with the observations
in Fig. 4, argue that in the presence of MH broth, S. aureus are
not substantially killed by up to 500 ppm nanoparticles though the
nanoparticles adhere substantially to bacteria.
We considered the possibility that interaction of the growth
medium inhibited the nanoparticle’s killing action. Another possibility is that bacteria are more readily killed in buffer (like
conditions for the surface studies of Fig. 3) than they are in MH

broth. To address both possibilities, we studied the solution-phase
killing action of 500 ppm nanoparticles on S. aureus bacteria in
phosphate buffer, summarized in Table 2. The overall nanoparticle
concentration was ﬁxed at 500 ppm, and the bacteria concentration
was varied from 105 to 108 /ml to vary the nanoparticle/bacteria
ratio. Nanoparticle-bacteria aggregation was apparent shortly after
mixing. By 4 h, nearly complete settling of bacteria had occurred.
In the cases with the greatest bacteria concentrations, this completely removed the nanoparticles from the supernatant, indicating
adhesion of all nanoparticles onto the bacteria. With fewer bacteria dosed with the nanoparticles, however, the presence of excess
nanoparticles suspended in solution suggested that the settled
bacteria were already saturated with nanoparticles. The panels of
the ﬁgure list the estimated numbers of nanoparticles per original
bacterium.
The viability of the suspension-phase (or aggregated) bacteria was studied in Table 2 by live-dead staining as shown. Nearly
all bacteria are living, despite exposure to and contact with large
numbers of nanoparticles. Large numbers of viable bacteria were
additionally conﬁrmed by CFU. Of note with 105 bacteria/ml, the
bacteria were too sparse to be reliably visualized with live-dead
staining. Therefore, additionally, in the Supporting Information, the
CFU method revealed substantial bacteria viability, rivaling that
without nanoparticles.
4. Discussion
The experimental results provide new insights into strategic
surface designs for effective contact-bacterial-kill surfaces and
additionally provide new perspectives about potential surfacekilling mechanisms. Importantly, when considered with our
previous adhesion studies involving bacteria on related surfaces
[27,32], these data suggest that clustering of cationic functionality
facilitates bacterial killing on minimally adhesive bacteria-capture
surfaces.
4.1. Surface designs: cation density and the role of clustered
distribution
We report substantial killing of S. aureus bacteria on surfaces
having relatively small overall cationic charge densities compared
with the literature: 5.6 × 1012 /cm2 on our sparse nanoparticle
surfaces and 1016 /cm2 on our patchy PLL surfaces. As some
of the cationic functionality lies beneath nanoparticles, on the
nanoparticle-containing surfaces, these values represent an upper
limit on what might be accessible to bacteria, by perhaps 50%.
By comparison, the minimum charge density in the literature for
contact killing of Staphylococcus epidermidis is 1014 –1016 cationic
charges/cm2 [22]. Particularly interesting, the killing activity of our
surfaces is not much improved by increasing the surface loadings
of either type of cationic nanoconstruct.
Clustered cationic organization is critical to good contactkilling efﬁciency on these surfaces. Uniform distribution of the
same cationic functionality would produce surfaces entirely nonadhesive to bacteria (like the PEO-PLL control surface) and
therefore not antimicrobial [27]. With capture facilitated by charge
clustering on otherwise non-adhesive surfaces, clustered functionality facilitates a chance at killing which would not occur on
uniform surfaces of the same cationic density.
Strong evidence suggests that the contact region between each
bacterium and the surface contains both nanoparticles (or PLL coils)
and PEG brush, and that the contact region is not comprised mostly,
or entirely, of cationic species. This is an important distinction
because we have asserted that our surfaces are fundamentally different from uniform cationic surfaces both in terms of net charge
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Table 2
Mixing S. aureus with 500 ppm nanoparticles in buffer.
Bacteria concentration

Appearance
Initial

Viability image
Live/dead stain on drop of suspension
4h

105 cells/ml
1.6 × 109 np avail/cell
1.5 × 107 np adh’d/orig cell

106 cells/ml
1.6 × 108 np avail/cell
1.5 × 107 np adh’d/orig cell

107 cells/ml
1.6 × 107 np avail/cell
1.5 × 107 np adh’d/orig cell

108 cells/ml
1.6 × 106 np avail/cell
1.6 × 106 np adh’d/orig cell

The scale bars are 50 m.

(zeta potential) and local clustering of cationic charge. The alternate
possibility, which we argue is not the case, is that the nanoparticles
or PLL are themselves greatly clustered so that bacteria adsorb to
regions populated largely or exclusively by these cationic nanoconstructs. In the latter case, the bacteria-surface contact zone would
resemble the uniform control surfaces.
Three arguments refute the latter possibility. First is the experimental observation of randomly distributed cationic nanoconstructs. The AFM images of the cationic nanoparticles in Fig. 2, along
with previously published characterization of the adsorbed PLL distributions [35], include no instances of aggregates of nanoparticles
or PLL which would comprise a locally uniform cationic region. Such
aggregates would need to be prevalent in order to produce the relatively uniform bacteriocidal (or not) behaviors over hundreds of
square microns, detailed in Figures SI-4 and 5. Second, bacterial
adhesion on the sparse surfaces was dramatically weaker and more

reversible than that on the uniform PLL and concentrated nanoparticle surfaces [32]. The surface regions in contact with bacterial cells
were therefore fundamentally different on sparse and control surfaces. Finally, calculations support the high improbability, given
random distributions of adhesive nanoconstructs [35], of ﬁnding
regions appropriately sized for individual cell contact, containing
high numbers of nanoconstructs.
For instance given randomly distributed nanoparticles (a Poisson distribution) having an average surface loading of 280 np/m2 ,
the normalized probability of ﬁnding a half micron squared area
(an estimate for the ultimate size of the bacteria-surface contact)
containing 200 nanoparticles is miniscule: ∼10−37 . Adherent bacteria therefore, experience nanoconstructs and substantial PEG brush
together on the surface regions where they come to rest, though
the local nanoconstruct concentration likely exceeds the average
or “macroscopic” loading.
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4.2. Raised versus ﬂat clusters: killing kinetics and implications
for mechanism
Our results demonstrate that, compared with ﬂat PLL patches,
raised presentation of clustered cationic functionality, by just a
few nanometers, dramatically expedites S. aureus killing. These
observations provide new design considerations for applications
requiring fast-acting surfaces. The report by Madkour et al. is the
only other work of which we are aware where S. aureus appear to be
killed more quickly, within 5 min [5]. In that study, however, bacteria are removed from the antimicrobial surface and tested later for
viability. They were found to be killed as a result of 5 min adhesive
contact, but it is not clear if the stress (and tearing?) of removal
inﬂuenced the results.
Regarding the killing mechanism, neither the ﬂat nor protruding
cationic nanoconstructs in this work are expected to penetrate the
20–40 nm thick cell envelope of S. aureus [14] to access the bacterial membrane. However, the slight protrusion of the nanoparticles
seems an advantage: Fewer nanoparticles, compared with PLL
patches of similar overall charge, are able to capture and kill S.
aureus. The key may be accessibility to bacteria through the PEG
surface brush, or it may be that slight penetration (on the order
of nm) of the nanoparticles into the outer regions of the S. aureus
envelope somehow affords greater killing effectiveness, perhaps by
reaching structures where ion exchange is more lethal.

4.3. Free versus surface-immobilized nanoparticles: implications
for killing mechanism
Important to our understanding of the contact-killing mechanism is the observed bacterial survival in nanoparticle solutions.
The lack of nanoparticle activity against S. aureus is consistent
with previous reports of Escherichia coli survival when exposed
to suspended cationic nanoparticles [39]. In the current investigation, the removal of the nanoparticles from the supernatant
when bacteria settled provided an assurance of the adhesion of
the nanoparticles to the bacteria, with at least 106 np/initial bacterial cell (continued bacterial growth would reduce this number
substantially). The initial appearance of aggregation at short times
(<30 min, though setting of the sediment took longer) provided
evidence that nanoparticles were afforded sufﬁcient interaction
times to contact bacteria. Yet these S. aureus were found to be predominantly viable after 4 h. Placement of the same nanoparticles
on a sterically repulsive surface produced a material that killed
bacteria substantially within 30 min and more extensively within
2 h. Worth noting, the numbers of nanoparticles adhered to the
suspended bacteria was considerably greater than those available
on the surface to reach each bacterium, yet the latter were more
deadly.
Our results demonstrate that neither the cationic nanoparticles alone nor a PEG surface brush alone will kill S. aureus. Killing
results, however, from the combined action of cationic nanoparticles and the sterically repulsive “non-interacting surface” or the
nanoparticle immobilization. Possible mechanisms involve stresses
that deform the bacteria on large scales (like droplet spreading) or
that locally disrupt the organization of bacteria structures where
the bacteria contacts the substrate, as has been discussed recently
[23,24]. Another point worth pondering: The sparse nanoparticle
surfaces are deadly, even though the surfaces touch bacteria only on
a small portion of the overall bacterial surface. By contrast, antimicrobial compounds added to a bacterial suspension attack the cell
on all sides. We ﬁnd the contact-kill mechanism an intriguing puzzle, but our results indicate that very little contact is needed, the
cell membrane need not be directly involved, and adhesive binding
and local interactions can produce a global effect.

5. Conclusions
We present here a class of contact-kill antimicrobial surfaces,
based on 10-nm clusters of cationic charge embedded in a sterically
repulsive polyethylene glycol brush. These materials exhibit counterintuitive killing action against S. aureus. First, compared with the
literature on non-leaching cationic contact antimicrobial surfaces,
our surfaces are net negative (compared with positive surfaces in
the literature). Our surfaces kill with extremely small densities
of cationic functionality, below the previously reported minimum
for antimicrobial action. Increased surface loading of the cationic
nanoconstructs minimally improves killing. S. aureus contact with
the sparse surfaces in this study involves a limited number of points
corresponding to the nanoparticles or PLL nanoconstructs. In this
way the effective killing interaction, were it to correspond only
to the cationic functionality, is smaller than the overall bacteriasurface contact area.
The low density of cationic functionality is an advantage because
it produces weaker bacteria adhesion and potential re-use of the
surface. Indeed, the sparsely cationic surfaces were just above the
minimum cationic functionality needed for bacterial capture. More
uniform distribution of the same cationic charge would not have
captured bacteria, clarifying the role of clustering in adhesion and
killing. Clustering enables strong (relative to hydrodynamic forces)
interactions between the bacteria and the surface, increasing bacterial retention and contact time, facilitating killing.
Further, we demonstrate substantial differences in killing kinetics between immobilized nanoparticles and ﬂat cationic PLL
patches. The immobilized nanoparticles accomplished substantial
killing of S. aureus within 30 min, compared with slower killing
kinetics by PLL coils that contain greater numbers of cationic
groups. The difference might be a result of the protruding and more
readily accessible functionality on the nanoparticles.
Most remarkably, we demonstrate that the immobilized
cationic nanoparticles are deadly to S. aureus but do not substantially kill bacteria in solution. This suggests that the surface
killing mechanism involves localized opposition of attractive and
repulsive forces or, at the very least, a lack of movement of the
nanoparticles, during their interactions with bacteria.
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